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Bacterial Insecticidal Toxins
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Over the years it has been important for humans to control the
populations of harmful insects and insecticides have been used for
this purpose in agricultural and horticultural sectors. Synthetic
insecticides, owing to their various side effects, have been widely
replaced by biological insecticides. In this review we attempt to de-
scribe three bacterial species that are known to produce insecticidal
toxins of tremendous biotechnological, agricultural, and economic
importance. Bacillus thuringiensis (BT) accounts for 90% of the
bioinsecticide market and it produces insecticidal toxins referred
to as delta endotoxins. The other two bacteria belong to the genera
Photorhabdus and Xenorhabdus, which are symbiotically associ-
ated with entomopathogenic nematodes of the families Heterorhab-
ditidae and Steinernematidae respectively. Whereas, Xenorhabdus
and Photorhabdus exist in a mutualistic association with the en-
tomopathogenic nematodes, BT act alone. BT formulations are
widely used in the field against insects; however, over the years there
has been a gradual development of insect resistance against BT tox-
ins. No resistance against Xenorhabdus or Photorhabdus has been
reported to date. More recently BT transgenic crops have been
prepared; however, there are growing concerns about the safety
of these genetically modified crops. Nematodal formulations are
also used in the field to curb harmful insect populations. Resis-
tance development to entomopathogenic nematodes is unlikely due
to the physical macroscopic nature of infection. Xenorhabdus and
Photorhabdus transgenes have not yet been prepared; but are pre-
dicted to be available in the near future. In this review we start with
an overview of the synthetic insecticides and then discuss Bacillus
thuringiensis, Xenorhabdus nematophilus, and Photorhabdus
luminescens in greater detail.
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INTRODUCTION

Synthetic Insecticides
Almost every household uses some form of pesticide, such

as insecticides, herbicides, fungicides, rodenticides, or bacteri-
cides. Chemical insecticides may be organic or inorganic
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molecules. Inorganic insecticides do not contain carbon, whereas
organic insecticides have carbon as an essential component.
Inorganic insecticides are water-soluble compounds that are
mostly white crystals. Unlike fumigants they are not volatile. Ex-
amples include borax, calcium polysulfide, mercurous chloride,
potassium thiocyanate, and sodium thiocyanate. Commonly, mer-
cury, boron, thallium, arsenic, antimony, selenium, and fluoride
are constituents of inorganic insecticides. The current use of in-
organic insecticides is as constituents of formulations for wood
impregnation and preservation. However, use of these com-
pounds is detrimental since some of these (such as lead arsenate,
mercury, etc.) persist in the environment and accumulate in liv-
ing organisms, causing various fatal diseases and are also toxic
to nontarget species. After the so-called Chemical Era, the use
of inorganic insecticides has diminished to virtual nonuse.

The category of organic insecticides comprises a myriad of
organic compounds. Examples of insecticides that were avail-
able by 1970s include TDE, methoxychlor, Dilan, chlordane,
kepone, mirex, Perthane, aldrin, dieldrin, endrin, heptachlor,
and oxaphene. Broadly, synthetic organic insecticides are classi-
fied into the following categories: organochlorines, organophos-
phates, organosulphurs, and carbamates.

Organochlorines
Organochlorine compounds essentially contain carbon, hy-

drogen, and chlorine and are also referred to as chlorinated hy-
drocarbons, chlorinated organics, or chlorinated synthetics. This
group of compounds is further subdivided into the following
categories:

Diphenyl aliphatics. Examples of diphenyl aliphatics (which
have two phenyl groups and an aliphatic chain are DDT, DDD,
dicofol, ethylan, chlorobenzilate, and methoxychlor. DDT
(dichloro diphenyl 1,1,1-trichloroethane) was the first organ-
ochlorine used. DDT is a stable and fat-soluble compound and
accumulates in fatty tissues and the nervous system of insects.
Although the exact mechanism by which DDT acts is not fully
understood, it is known that it disrupts the balance of sodium
and potassium ions across the axonal membrane thereby interfer-
ing with the transmission of nerve impulses. As a consequence,
muscle twitches and convulsions occur, ultimately resulting in
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death of the insect. DDT is effective against a wide range of
insects including mosquitoes and fleas, which are vectors of
some human diseases. In the 1960s, DDT played a major role
in controlling cases of malaria in Sri Lanka. However, DDT
and related compounds have some major disadvantages. DDT
is a stable and fat-soluble compound and persists in the envi-
ronment long after its application. As a result it accumulates in
fatty tissues. Although normal exposures to DDT have not re-
sulted in any serious ill effects in humans, DDT has adversely
affected fishes, alligators, pelicans, and other birds, which oc-
cupy the last level of the food chain (biomagnification). Addi-
tionally, DDT has adversely affected nontarget insects, thereby
killing the natural enemies of crop pests and thus indirectly en-
hancing the population of these harmful pests. Moreover, in-
sects developed resistance to DDT and its derivatives, Such as
methoxychlor and DDD. Because of its harmful effects all non
governmental and nonprescription uses of DDT were stopped in
1968. All uses of TDE (alternately called DDD) have also been
restricted (1).

Cyclodienes. Like DDT, the mechanism of action of these
toxins is also obscure but this class of compounds is known to
act on the GABA receptor in the neurons, thereby decreasing the
concentration of chloride ions inside the neurons. This usually
results in tremors and convulsions. These are mostly used as
soil insecticides to control the population of termites and larvae
of soil-borne insects, which feed on plant roots. These com-
pounds are stable and are not degraded in presence of sunlight
or UV light. They persist in the environment and accumulate
in the body tissues of various animals (biomagnification). Addi-
tionally, many insects have developed resistance to these insecti-
cides. Administration of the insecticides, aldrin and dieldrin, was
stopped by the U.S. Environmental Protection Agency (EPA),
since they were hazardous to the environment and to human
health. Other examples of cyclodienes include chlordane, hep-
tachlor, endrin, mirex, endosulfan, and chlordecone (Kepone).

Hexachlorocyclohexane (HCH). Hexchlorocyclohexane,
or benzene hexachloride (BHC), has five isomers, alpha, beta,
gamma, delta, and epsilon, of which only the gamma isomer
is insecticidal and hence is used commercially under the trade
name 666 or lindane. This compound affects the nervous sys-
tem of the target insects and causes tremors and convulsions,
and induces an increased respiratory rate. The structure of the
gamma-isomer (BCH) is shown in Figure 1.

Polychloroterpenes. Two examples of polychloroterpenes
are toxaphene and strobane. These compounds are highly stable
and persist in the environment for 3–4 weeks. Toxaphene is a
mixture of more than 177 10-carbon polychlorinated derivatives
and can be easily metabolized by mammals and birds. Like cy-
clodienes and DDT, these compounds affect the nervous system
and interfere with the balance of sodium and potassium chan-
nels on the axonal membranes. In addition to adversely affecting
insects, toxaphene produced harmful effects in a number of non-
target animals. Because of the above detrimental effects US EPA
banned the use of toxaphene in 1983.

Organophosphates (OPs)
Organophosphates are insecticides that essentially contain

carbon and phosphorous. Organochlorines were replaced by
organophosphates because the latter were unstable and hence
did not persist in the environment. Additionally, they do not ac-
cumulate in fatty tissues, making them non-hazardous to other
animals of the food chain (i.e., possibility of biomagnification
was eliminated). However these compounds are highly toxic to
humans. For example the compound parathion is 30 times as
toxic as DDT. All of these compounds are derivatives of phos-
phoric acids and their structures resemble that of nerve gases,
such as sarin, soman, and tabun. Like the previously discussed
insecticides, organophosphates also affect the nervous system
of the target insects. These compounds irreversibly phosphory-
late acetylcholinesterase, which degrades acetylcholine (a neu-
rotransmitter) at the synapses and at neuromuscular junctions.
This results in accumulation of acetylcholine at these sites, lead-
ing to muscle twitch and paralysis. OPs are broadly classified
into the following subcategories.

Aliphatic OPs. These compounds contain an aliphatic car-
bon chain. Examples include malathion, trichlorfon (Dylox),
monocrotophos (Azodrin), dimethoate (Cygon), xydemeton-
methyl (Meta Systox), dimethoate (Cygon), dicrotophos (Bidrin),
disulfoton (Di-Syston), dichlorvos (Vapona), mevinphos (Phos-
drin), methamidophos (Monitor), and acephate (Orthene).

Phenyl Derivatives. These compounds contain a central
phenyl ring, which has hydrogens substituted by chloride, nitro,
cyanide, or methyl groups. Examples include methyl parathion,
ethyl-parathion, profenofos (Curacron), sulprofos (Bolstar),
isofenphos (Oftanol, Pryfon), fenitrothion (Sumithion), fenthion
(Dasanit), and famphur (Cyflee, Warbex).

Heterocyclic Derivatives. Heterocyclic derivatives have
complex fused ring structures. Examples include diazinon,
azinphos-methyl (Guthion), azinphos-ethyl (Acifon), Gusathion),
chlorpyrifos (Dursban, Lorsban, Lock-On), methidathion
(Supracide), phosmet (Imidan), isazophos (Brace, Triumph),
and chlorpyrifos-methyl (Reldan).

The primary drawback of organophosphates and organochlo-
rines is that insects have developed a resistance against these
compounds and their derivatives quite rapidly, causing re-
searchers to seek potential alternatives.

Organosulphurs
Organosulphurs are made up of two phenyl rings, and es-

sentially contain sulphur. Compared with other types of insecti-
cides, organosulphurs are only mildly toxic to insects, and there-
fore, are usually used as miticides. Examples include tetradifon
(Tedion), propargite (Omite, Comite), and ovex (Ovotran).

Carbamates
Carbamates are derivatives of carbamic acid, are effective

against a wide range of insects and are relatively harmless to
higher animals since they rapidly degrade and are excreted by
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FIG. 1.

these animals. Like organophosphates, carbamates act by
inhibiting the enzyme, acetylcholinesterase, resulting in a build
up of the neurotransmitter, acetylcholine, at the synapses and
neuromuscular junctions. This interaction with this enzyme is
reversible. These compounds also inhibit arealiesterase, which
is a miscellaneous aliphatic esterase. One disadvantage of car-

bamates is that they are toxic to nontarget insects, including
many beneficial species like honey bees. Examples of carba-
mates include carbaryl (Sevin), methomyl (Lannate), carbofu-
ran (Furadan), aldicarb (Temik), oxamyl (Vydate), thiodicarb
(Larvin), methiocarb (Mesurol), propoxur (Baygon), bendio-
carb (Ficam), carbosulfan (Advantage), aldoxycarb (Standak),
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promecarb (Carbamult), and fenoxycarb (Logic, Torus). The
structure of carbaryl is shown in Figure 1.

Other synthetic organic insecticides include fiproles, spin-
osyns, organotins, nicotinoids, pyrethroids formamidines, and
dinitrophenols.

BIOLOGICAL INSECT CONTROL
Various problems are associated with synthetic insecticides.

Many synthetic insecticides are nonbiodegradable; others de-
grade very slowly and persist in the environment. DDT persists
in the environment for 15–20 years and accumulates in the tis-
sues, making their concentration increase as they move along
the food chain (biomagnification).

algae, bacteria → daphnia → fish

→ eagles, humans etc.

Insecticides cause pollution of soil and groundwater, and have
harmful effects on a wide range of nontarget organisms (benefi-
cial insects, birds, mammals, and humans). In time new resistant
strains of insects emerge, requiring increased doses of insecti-
cides and introduction of new insecticides. Additionally boring,
sucking, and root-eating insects are not affected by synthetic
insecticides. Because of their harmful effects, application of a
number of these insecticides has been banned by the US EPA
and registrations of many others are being reviewed.

Recently, bioinsecticides are being used as an alternative to
the synthetic insecticides. The chief bioinsecticides available
are Bacillus thuringiensis, insect parasitic nematodes, and ento-
mopathogenic bacteria. Xenorhabdus and Photorhabdus exist in
symbiotic associations with nematodes of the family Steinerne-
matidae and Heterorhabditidae, respectively. Bacillus thuringien-
sis accounts for 90% of the bioinsecticide market; it produces
insecticidal toxins called delta endotoxins which are proteina-
ceous and readily biodegradable, and thus have a short half-life
inside the insect midgut.

Compared with chemical insecticides, BT products are less
likely to cause resistance in the target insects. Further, as are sult
of their selectivity for a specific group of insects, BT-based in-
secticides are safe to handle, as non-target and non-susceptible
organisms are not affected. Unlike many other insecticides, BT-
based insecticides do not affect the natural enemies of insects,
such as parasitic wasps and lady beetles. All commercial prod-
ucts of BT contain enterotoxins, however these products are
harmless if prescribed precautions are taken. BT-based bioin-
secticides have some shortcomings. Because they kill insects
only at a particular stage of their life cycle, making their time of
application crucial. Additionally, they must be ingested by the
insect to act, they lack a broad target group range (one variety
of BT would kill only one type of crop pest), they are degraded
in sunlight, they may not persist long enough to come in con-
tact with the insect, and they are much more expensive than the
chemical insecticides.

Another class of bioinsecticides are based on naturally oc-
curring entomopathogenic nematodes (EPNs), which have been
used in the horticulture industry in the United Kingdom and con-
tinental Europe since 1993. The active ingredient of the EPN-
based bioinsecticide is the infective juvenile (IJ). The infective
juvenile is a developmentally arrested free-living non-feeding
form about 500 microns in length and is capable of infecting
an insect host. The entomopathogenic nematodes (EPNs) occur
naturally in the soil and are symbiotically associated with bac-
teria in their gut as described earlier. The IJ can move through
the water films surrounding soil particles and actively seek, lo-
cate, and penetrate the insect host. Eventually both the bacteria
and the nematodes release toxins and enzymes and cause in-
sect death by inducing acute septicemia. Larvae that feed on
plant roots are static and hence tend to be ideal targets. A sin-
gle application of EPNs provides protection for approximately
four weeks. Compared with BT, entomopathogenic nematodes
have several advantages, including the ability to kill a much
broader range of insects than BT. Additionally, the development
of EPNs does not depend on specific host nutrients and there-
fore can be used successfully on various insect species. EPNs
are easy to use and apply, either through conventional sprayers
or irrigation systems. EPNs actively seek out the insect host,
which increases their efficacy. Moreover the infective juveniles
can survive for some time without nutrients while they actively
search for their host. Their speed in killing insects is comparable
to that of other insecticides; they kill insect hosts within 48 hours
(2, 3). They do not recycle in the field, thus, nonsusceptible and
nontarget organisms are not affected by EPNs; hence protec-
tive clothing is not required during application. Further, EPNs
are less likely to encounter beneficial insects because these are
more active and escape nematode penetration by quickly mov-
ing away. EPNs can be grown on artificial media, a characteris-
tic that faciliates their commercial production. When stored at a
proper temperature they can stay viable for months (usually three
months at a temperature of 60◦ to 80◦F and six months when
refrigerated at 37◦ to 50◦F). In insecticidal applications EPNs
can be mixed with various fertilizers, insecticides, and herbi-
cides although some compatibility factors must be addressed.
The US EPA has pronounced that EPNs are exempt from reg-
istration because they occur naturally and require no genetic
modification by man. Consequently, EPNs are frequently used
in cases where other insecticides are either not effective or are not
registered.

Bioinsecticides based on EPN have several disadvantages as
well. They do not provide long-term crop protection and can be
used only under moist soil conditions. Moreover, they cannot
be used to control foliage pests, eggs, and pupae (4, 5). They
have varying specificity for different insect orders and hence
all target insect groups are not equally susceptible. Steinernema
carpocapsae is most effective on surface feeders such as cut-
worms and chinch bugs, S. glaseri can be used to control various
white grubs owing to its increased mobility in the soil, whereas
S. feltiaeis is most effective in controlling fungus gnats and other
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dipteran pests. Further, there are problems associated with the
manufacture and storage of EPNs since it is difficult to synchro-
nize the development of infective juveniles under laboratory
conditions (6–9). Their efficacy decreases at high and low tem-
peratures and hence the EPNs must be shipped in proper media
and stored at the correct temperature. To ensure maximum ef-
ficacy of the EPN formulations, they need to be applied at the
optimum environmental conditions needed for the survival of
the nematodes. The relative humidity should be high, ambient
temperature should be neither too hot or cold, soil temperature
should ideally be between 55◦ and 90◦F, the target site should
be irrigated, and direct sunlight must be minimal. Before ap-
plication the percentage viability of a package can be checked
by placing a small amount of the formulation in water and ob-
serving the live nematodes, if any, under a hand lens or mi-
croscope. Currently, manufacturers of EPN formulations in the
United States include Biofac Inc. (producing only Steinernema
carpocapsae), BioLogic, M&R Durango, Biosys (producing dif-
ferent Steinernema spp.), Hydro-Gardens, Nematec, and Praxis
produce different Heterorhabditis spp. (2, 3, 6–13).

BACILLUS THURINGIENSIS (BT)
Bacillus thuringiensis is a common (14) gram-positive aero-

bic entomopathogenic endospore forming soil bacterium, which
produces unique crystalline cytoplasmic inclusion bodies during
the process of sporulation. The vegetative cells of BT are motile
and approximately 1 micron wide and 5 microns long (15). Both
the spores and the inclusion bodies are released upon lysis of
the parent bacterium at the end of sporulation and if ingested
these spores and crystals act as poisons in certain insects; hence
BT is referred to as a stomach poison. The spores and crystals
are active against Lepidopteran (moths and butterflies), Dipteran
(flies and mosquitoes), Coleopteran (beetles and weevils) (16),
and Hymenopteran (bees and wasps) larvae (17, 18). This ubiq-
uitous bacterium is found to occur in soil, stored grain, other
stored product dusts, deciduous and coniferous plant surfaces,
and inside insect cadavers. It was first isolated from a diseased
silkworm in 1901 in Japan by the bacteriologist, Ishawata, and
was investigated in 1911 by the bacteriologist Ernst Berliner
in Germany (19), when a batch of flour moths sent from the
town of Thuringia in Germany was infected with this pathogen;
hence the appellation. It was first used as a commercial insec-
ticide (under the product name Sporeine) in the year 1938 in
France, and later in the United States in the 1950s. In 1956,
Steinhaus published an article called “Living Insecticides” in
Scientific American following which commercial interest in BT
was triggered. This bacterium has over 58 serotypes (varieties
or subspecies) (20) and thousands of strain isolates (21). This
classification of strains into varieties or subspecies is based on
flagellar antigens (22). All these subspecies together are effective
against a vast insect host spectra and also nematodes (23); how-
ever each strain produces a unique toxin that is effective against a
specific group of insects and different crystal proteins also differ

in their degree of activity against different insect orders. To date
about 150 insects are known to be susceptible to BT (24). Of the
recognized subspecies of BT, var. kurstaki is toxic to gypsymoth,
cabbage looper, and caterpillars (order Lepidoptera), var. israe-
lensis is toxic to fungus gnat larvae, mosquito, back fly, and some
midges (17, 25, 26) (order Diptera), var. tenebrionis (also called
var. san diego) is effective against colorado potato beetle (Lep-
tinotarsa decemlineata) elm leaf beetle, and boll weevils (27),
var. aizawai is effective is against wax moth larvae and diamond-
back moth caterpillar and var. morrisoni is toxic against moth
and butterfly caterpillars (order Lepidoptera). A classification of
the class Insecta into various orders is presented in Table 1. The
BT delta endotoxins are extremely specific for unique recep-
tors on the apical brush border membrane of midgut epithelial
cells (28) and therefore are non-toxic to non-target insects and
thus are very compatible with integrated pest management pro-
grams. The commercial BT products are powders comprised of
a mixture of dried spores and toxin crystal proteins and these
are applied to areas like leaves and roots where insects feed. The
commercial BT product contains about 2.5 × 1011 viable spores
per gram. BT products are marketed worldwide and they account
for about 1% of the total agrochemical market. BT products are
known to lose their effectiveness to some extent when stored for
more than six months (29). Moreover formulated BT products
are incompatible with captafol, dinocap, foliar nutrients, and
alkaine substances (29).

BT strains contain an array of plasmids with at least one large
plasmid on which the toxin genes are present (30–32). The insec-
ticidal proteins that are produced by BT are categorized into two
families based on amino acid sequence similarity—Cry toxins
(crystal delta endotoxins) and Cyt toxins (cytolysins). Cry tox-
ins have been grouped into four classes: Cry I, CryII, CryIII, and
CryIV; and Cyt toxins have been grouped into two classes (33).
The parasporal inclusions contain many proteins, which some-
times possess distinct activities and may act in a synergistic man-
ner (34, 35). In addition to the Cry and Cyt toxins BT possesses
a number of virulence factors including alpha-exotoxins, beta-
exotoxin, chitinases, vegetative insecticidal protein (Vip), flag-
ellin, enterotoxins, hemolysins, and phospholipases (36). These
putative virulence genes are thought to be coordinately regu-
lated. A pleiotropic regulator gene is thought to control a number
of traits since an avirulent strain BT 1302 was also found to be
nonmotile and lack phospholipases, proteases, and hemolysins.
Besides, a toxic neutral metalloprotease immune inhibitor A
(InA) has been shown to specifically degrade antibacterial pro-
teins from Hyalophora cecropia (silk moth) and has also been
shown to be toxic to other insect species (37–39). Apart from
the Cry and Cyt toxins and the virulence factors, coat proteins
of the bacterila spore also contribute to the pathogenicity of BT
(40). However, BT is also widely used in the spray form (41) and
other typical agricultural formulations such as wettable powders,
liquid concentrates, baits, dusts, and time-release rings. But the
transgenic mode of BT application has proved in many ways to
be more effective than the spray form. In some cases, like that
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TABLE 1
Classification of Phylum Arthropoda

Phylum Arthropoda
Subphylum 1 Onychophora (connecting link between annelids and arthropods)

Subphylum 2 Chelicerata
Class: Merostomata
Class: Arachnida

Subphylum 3 Mandibulata
Class: Crustaceae
Class: Diplopoda (millipedes)
Class: Chilopoda (centipedes)
Class: Insecta

Subclass Apterygota:
Order: Thysanura (bristles, silverfish)

Subclass Pterygota:
Order: Emphemeroptera (Ephemerida)-mayflies

Odonata- dragonflies and damselflies
Blattaria (Dictyoptera)-cockroaches
Mantodea-mantises
Isoptera-termites
Orthoptera-grasshoppers, katydids, crickets, walking sticks, cockroaches

and mantids
Phasmatoptera
Dermaptera-earwigs
Embiidina(Embioptera)-webspinners
Plectoptera-stoneflies
Zoraptera-zorapterans
Psocoptera-psocids
Mallophaga-chewing lice
Anoplura-sucking lice
Thysanoptera-thrips
Hemiptera-bugs
Homoptera-cicadas, hoppers, aphids, whiteflies, scale insects
Neuroptera-dobsonflies, fishflies, snakeflies, lacewings, antlions
Coleoptera-beetles
Strepsiptera
Mecoptera-scorpionflies
Siphonaptera-fleas
Diptera-true flies
Trichoptera-caddisflies
Lepidoptera-buterflies and moths
Hymenoptera-sawflies, ichneumons, chalcids, wasps, ants, bees.

Source: Sybil P. Parker. 1994. Concise Encyclopedia of Science and Technology, 3rd ed. 982.

of the European corn borer Ostrinia nubilalis, the larva are pro-
tected from spray applications since they dwell inside the stalk
of the corn plants; however, they can be controlled when Cry
toxins are produced by the transgenic corn plant (42). Moreover
the BT toxins are rapidly degraded in ultraviolet light (its half-
life under sunlight is 3.8 hours; for details refer to 43 and 44)
and may be washed away by rains or overhead irrigation. Such
problems do not occur with BT engineered transgenic crops. In
addition to in the GM crops (genetically modified crops), the

Cry proteins are in their biologically active form and hence act
directly on the target insect (45). The Cry toxins are produced
in greater amounts in the plant cells than in the bacteria but in
certain higher plants the mRNA is subject to rapid degradation
(46).

BT has thus become a bioinsecticide of tremendous agro-
nomical importance and is classified as toxicity class III pesti-
cide (slightly toxic). It has several advantages over the synthetic
insecticides: (1) It is practically non-toxic to humans (overall
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exposure of humans to 1 g per day of BT showed no effects
(47). (However BT formulations can cause skin and eye irrita-
tion (48; 44).) (2) BT toxins are safe to most beneficial insects
and animals and they are not known to cause any injury to the
GM plants (49). (3) They are biodegradable and immobile and
do not leach with groundwater. Thus they do not persist in the
environment. Compared with synthetic insecticides, which are
general in their effect, BT toxins are highly specific with differ-
ent strains producing toxins against different insect orders (17,
25–27). At the same time, BT toxins are equally effective against
insects as the synthetic insecticides. However, there are reports
of development of resistance against BT in insects (41, 50). In-
secticide resistance occurs when certain individuals (with slight
genetic variation) in the original insect population become re-
sistant to the insecticide due to variation in the nature of their
proteins or other biochemical mechanisms (51) and thus are able
to survive (survival of the fittest). As these genetically variant
individuals reproduce, there is a secondary pest outbreak with
the new pest population being even more virulent against plants
(52). The solution to this problem has been resistance manage-
ment withan objective to delay development of resistance so that
the insecticide is effective in field for as long as possible (53).
A detailed description of BT and its related resistance is given
later.

BT CRY TOXINS
During the stationary phase of its growth cycle Bacillus

thuringiensis produces crystalline parasporal inclusions contain-
ing insecticidal crystal proteins (ICPs). The Cry toxins are com-
monly referred to as BT toxins; however these proteins have
also been shown to be produced by other bacteria like Bacillus
popilliae and Clostridium bifermentans (54). To date, 89 differ-
ent genes coding for these toxins have been cloned (55). This
family of genes is referred to as Cry gene family. These genes
are expressed during the stationary phase of the growth cycle of
BT and their expression is controlled by various mechanisms at
the transcriptional, post-transcriptional, and post-translational
levels (54). Sporulation is controlled at the transcriptional level
by a cascade of activation of sigma factors and thus expres-
sion of cry genes is controlled concominantly. (Most cry genes
are expressed only during sporulation phase of growth.) At the
post-transcriptional level Cry gene expression is controlled by
enhancing the stability of mRNA thereby reducing its suscep-
tibility to intracellular exonucleases. At the 5′ end interaction
of the 16S rRNA of the 30 S subunit of the ribosome with a
Shine dalgarno sequence referred to as STAB-SD confers sta-
bilty whereas at the 3′ end the presence of a stem-loop structure
protects the mRNA from 3′ exonucleases. However premature
polyadenylation that occurs in some cases (in transgenic crops)
may lead to decreased half-life of the cry mRNAs (56). The
Cry proteins accumulate as crystalline inclusions and account
for approximately 20–30% of the dry weight of the sporulated
parent cell. The crystals assume different forms depending on

their composition. CryI A(a), A(b), A(c), B, C, D, E, F, and G
assume a bipyramidal crystal shape, CryII A, B, C assume a
cuboidal shape, Cry III A, B, C crystals are flat or irregular, Cry
IV A, B, C, and D assume a bipyramidal shape whereas Cry V–
IX assume various shapes. At the post-translational level, this
process of crystallization serves to protect the crystal proteins
from premature proteolytic degradation.

More than 50 genes encoding Cry toxins have been sequenced
and these can be classified into over 15 groups based on ho-
mology in sequences. However, the four major classes (33) of
Cry toxins are Cry I (Lepidoptera specific), CryII (Lepidoptera
and Diptera specific), Cry III (Coleoptera specific), and Cry IV
(Diptera specific). The Cry III proteins are generally produced
by BT spp. tenebrionis whereas Cry IV proteins are produced by
BT spp. israelensis. Each of these classes (Cry I, II, III, and IV)
is further subdivided into various subclasses. (For details refer
to (20)). The crystal structures of the delta endotoxin from BT
var tenebrionis and that of activated forms of Cry I, II, and III
show that the proteins are composed of three structural domains
(16, 37, 58), which are named as domains I, II, and III from N-
terminal to C-terminal. The core of the delta endotoxin is made
of five conserved sequence blocks (54, 59), which account for a
general folding pattern of all members of the cry protein family.
The N-terminal domain I, which comprises a seven alpha-helix
bundle (60) (six amphipathic helices around a central core helix),
is involved in insertion into the insect membrane and subsequent
pore formation. This domain has similarities with pore forming
domains of other bacterial toxins like ColicinA (61). Intensive
mutagenesis and biophysical studies have indicated that the hy-
drophobic alpha helices of the domain I contribute to formation
of pores with umbrella-like structures (62, 63). Prior to inser-
tion a three-dimensional conformational change occurs, during
which the originally buried hydrophobic regions of domain I
are exposed. Thereafter, the alpha 4-alpha 5 helical hairpin of
domain I is inserted into the membrane following, which several
such hairpins associate to form umbrella like pores with a radius
of 5–10 Angstroms. Domain II comprises three beta sheets hav-
ing a Greek key conformation, often referred to as beta prism.
Several mutagenesis studies demonstrate a role of the beta prism
in specific binding to the toxin receptors (54, 64) Further, domain
II of cry proteins has the same structural fold as that present in
various carbohydrate binding proteins such as the lectin jacalin,
agglutinin of Maclura pomifera and hen egg vitelline membrane
outer layer protein I. The C-terminal domain III is a beta sand-
wich of two antiparallel beta sheets and is thought to be involved
in pore formation (54) as well as receptor binding and thus it is a
determinant of insect specificity (65–67). Cry1A(c) domain III
has been shown to bind N-Acetyl galactosamine on the receptors
on the cell membrane. (16, 68, 69) The putative receptors for the
Cry toxins in the insect midgut epithelial cells have been shown
to be cadherin-like proteins (70) and aminopeptidaseN (APN),
which is linked to the epithelial membrane via a GPI anchor
(71–73). Thus both domains II and III of Cry proteins are lectin-
like and possess affinity for carbohydrates. These domains act
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either independently or cooperatively to determine insect speci-
ficity. Additionally, kinetic studies of receptor-toxin interactions
have revealed a positive correlation between toxicity, affinity of
toxin binding, and concentration of receptor-binding site (27).
APN has been studied in some detail and Cry toxin binding to
APN has been correlated with cytolytic pore formation (74) but
not directly with toxicity (75). However the cadherin-like pro-
tein receptor has been shown to be necessary for cytotoxic action
of Cry proteins (76, 77).

BT DELTA TOXIN NOMENCLATURE
The Cry toxins are classified on the basis of homology in

amino acid sequences and based on sequence similarity a phylo-
genetic tree has been constructed. In 1993, a BT delta-endotoxin
nomenclature committee was established to review the old nomen-
clature devised by Hofte and Whiteley (33). The nomenclature
of Cyt is similar to that of Cry toxins. Here we shall describe
the nomenclature by taking an example of a Cry toxin.

The criterion for inclusion of a toxin into the present nomen-
clature is the presence of significant sequence similarity to any
of the toxins included or experimental evidence of its toxicity to
a target organism. Toxins included are ranked and named solely
on the basis of homology in the amino acid sequences. Each
independently sequenced toxin is assigned a unique name and
depending on its position in the phylogenetic tree, each toxin
has four hierarchial ranks. For instance Cry3Aa1 toxin refers to
a Cry toxin, 3 refers to a primary rank (which is now written in
Arabic numerals as opposed to the earlier use of Roman numer-
als) (78). As to the secondary rank, the tertiary rank A is optional
and is used only for the sake of clarity. Proteins with different
primary ranks have less than 45% homology and those with dif-
ferent secondary and tertiary ranks have less than 78% and 95%
homology, respectively. The quarternary rank distinguishes be-
tween toxins, which share more than 98% homology—two tox-
ins differing in quarternary ranks are very similar in structure
and function.

ACTIVATION OF BT CRY TOXINS
When the delta endotoxin crystals are ingested by the suscep-

tible insect (in the soluble parasporal inclusion form) they are
dissolved in the midgut to release proteins (protoxins), which
are inactive. Protoxins are the active toxin proteins (with do-
mains I, II, and III) along with a short 20–40 amino acid long
N-terminal sequence (preceding domain I) and a C-terminal se-
quence (following domain III). During the activation process
midgut proteases digest the N-terminal and C-terminal regions
at specific sites to liberate the active Cry toxin proteins, which
are protease resistant. Solubilization of the crystal proteins into
protoxins depends on the pH of the insect gut. Moreover, dif-
ferent strains produce different Cry proteins, which are specific
to different of insect; the pH and physiology of the gut and the
receptors play a role in conferring this specificity (79, 80). The
chief gut proteases in Lepidoptera an Diptera are serine pro-

teases, which are active in alkaline pH, whereas in Coleoptera
cysteine and aspartic proteases dominate, (81–84) which are
active in the acidic range of the pH scale. The active toxin sub-
sequently binds to specific receptors on the apical brush border
of the insect midgut epithelial cells (28, 85) and in a subsequent
irreversible step (86) undergoes a conformational change. This
causes domain I to push itself into the apical membrane (16).
Aggregation of lodged Cry proteins (80) leads to formation of
cytolytic pores or leakage channels of 10–20 Angstrom diameter
(87–90). These non-specific pores render the apical membrane
permeable to potassium ions as well as small molecules such as
sucrose, thus disrupting the ion balance and the potential differ-
ence across the apical membrane. Selective permeability of the
membrane is lost. There is significant water uptake, resulting in
the cell bloating up and becoming unable to regulate osmotic
pressure. There is disruption of the microvillar structures and
cell organelles such as nuclei, mitochondria, ribosomes, and the
endoplasmic reticulum is vesciculated. The epithelial cells sub-
sequently burst open in a process termed colloid osmotic lysis,
(91, 92) and thereby release their contents into the midgut lumen.
The insect midgut (54, 93) becomes paralyzed and experiences
concominat invasion of surrounding tissues by the spores. The
insect then stops feeding and dies, with the time of death ranging
from 12 hours to 5 days after ingestion (a factor depending on
the strain of BT, amount of BT ingested, and variety of larva and
age of insect, with larvae being more susceptible than the adult
form). The toxins are also reported to disrupt the muscular and
nervous systems in insects (94–97).

Additionally, the pores and ion channels act as a passage
for the new vegetative BT cells that have germinated from the
spores to migrate to the hemolymph. This process aggravates
the intoxication process by causing bacteremia and acute sep-
ticemia (defined as an invasion of the bloodstream by virulent
bacteria that multiply and release toxic products; also known as
blood poisoning when fatal). In certain cases, when the delta-
endotoxin does not act directly, BT grows vegetatively inside the
insect gut, and once the gut membrane is broken the changing
environment facilitates germination of these spores. The newly
formed BT cells reproduce, form more spores, and the infection
spreads throughout the body, eventually resulting in death of the
insect. The Cyt toxins act synergistically with the Cry toxins.
Also they are similarly processed by cleavage with proteases
(98). Interestingly, Cyt protein has been shown to help over-
come insect resistance (99, 100). For more details on Cyt and
Cry toxins refer to (101–106).

In addition to delta entoxins, BT also produces compounds
with antifungal activity (54) and exotoxins, such as alpha exotox-
ins and beta exotoxins. Alpha exotoxin (also called thuringien-
sin) is a thermolabile proteinaceous exotoxin, which is toxic to
insects (107), mice, and other vertebrates. Current research cat-
egorizes alpha exotoxin as a potential insecticide or miticide.
Beta exotoxin (108) is produced by BT var. thuringiensis and
is known to cause genetic alteration to human RBCs (109).
Beta exotoxin is water-soluble and is toxic to a range of insect
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orders—namely Diptera, Lepidoptera, Orthoptera, Coleoptera,
Hymenoptera, Isoptera, Hemiptera, and Neuroptera. Beta exo-
toxin is a nucleotide composed of adenine, ribose, glucose, and
phosphorylated allaric acid (an ATP analogue). It is toxic to ver-
tebrates with an LD-50 of 13–18 mg per kg body weight in mice;
an oral dose of 200 mg/kg per day killed mice after 8 days (110).
Beta exotoxin possesses mutagenic and teratogenic effects and
hence it is not an ingredient in BT formulations.

BT CYTOLYSINS
As the name suggests cytolysins bring about cell lysis and

can enhance the effect of Cry toxins. Cytolysins interact with
phospholipid receptors on the cell membrane in a detergent-like
manner. However, their action differs from that of non-ionic
detergents in that RBCs treated with phospholipase A2 were
more susceptible to Triton-X than to cytolysins (104). The hy-
drophobic patches on the cytolysins bind the amphipathic phos-
pholipids; transmembrane pores are formed and subsequently
the cells are lysed by a process called colloidal osmotic ly-
sis (87). Interaction of cytolysins with the membrane receptors
can be specific or non-specific. For example, the Cyt1Aa pro-
tein of BT var. israelensis acts nonspecifically and has been
shown to be cytotoxic and hemolytic in vitro (33). Like Cry
toxins the mRNA of cytolysins are also stabilized at the post-
translational level. In BT var. israelensis the stability of Cyt1Aa
is brought about by an accesory protein called P20 (111). Inter-
estingly, BT var. israelensis Cyt1Aa protein in its activated form
(after 29 N terminal amino acids are removed by proteolytic
cleavage) has similar affinities for endogenous and heteroge-
nous DNA (112). Expression of Cyt1Aa in recombinant E.coli
cells leads to disruption of the DNA replication apparatus with
a concominant termination of DNA synthesis (113) and com-
paction of the nucleoid. Compaction of the cell center in the re-
combinant E.coli cells expressing Cyt1Aa was similar to that in
chloramphenicol-treated cells; but with the difference that it was
faster in the former case (112, 113). Cyt1Aa has also been shown
to have very high affinity for phosphatidylethanolamine, which
is a major E.coli DNA-bound phospholipid (114, 115). How-
ever, co-expression of P20 with Cyt1Aa counteracts the lethal
action of the Cyt1Aa (116) and in this case the nucleoid remains
dispersed.

BT PLASMIDS
Bacillus thuringiensis has a genome of 2.4 to 5.7 million

base pairs. Variable numbers of plasmids are present in differ-
ent strains of BT. In a single strain of BT, five or six plasmids
may be present, which encode the Cry toxin genes. A study
of different subspecies of Bacillus thuringiensis has shown that
the Cry toxin genes may be present on the chromosome or on
the plasmid and in certain cases a single plasmid DNA car-
ries more than one homologous Cry toxin gene. Repeated se-
quences have been identified in BT var. berliner 1715, some of
which represent structural characteristics of insertion sequences.

Iso-insertion sequences have also been identified, some of which
are related intimately to transposons (117, 118). Cry protein
genes encoding Lepidopteran toxins have been cloned from
chromosomal DNA isolated from Bacillus thuringiensis berliner
1715 (119) and BT var. kurstaki HD-1 (120). Lepidopteran crys-
tal protein genes have also been isolated from BT subspecies
(kurstaki HD-73, kurstaki HD-1- Dipel, kurstaki D-1, aizawa,
sotto, and subtoxicus) (121–126). In some cases, there is direct
evidence of the presence of a crystal protein gene on a spe-
cific plasmid. BT var. kurstaki HD-73 contains a cry gene on
a 75kb plasmid and BT var. kurstaki HD-1 Dipel also contains
a Cry gene on a large plasmid (120, 124). A huge diversity of
combinations of Cry toxins exists in the strains of BT as ev-
idenced by intermolecular movements between chromosomal
DNA and plasmid DNA or between different plasmid DNAs.
These include transposition and a conjugation-like process in
which these plasmids are exchanged between different strains.
Gonzalez first described transfer of plasmids between differ-
ent strains by cell mating (127, 128). This process requires cell
contact as plasmid transfer is dnase resistant. There is also a
relation between stability of plasmids, plasmid size, and mode
of replication. Several functions have been assigned to the large
plasmids, which frequently contain inverted repeat sequences,
Tn4430 transposon, sacteriocin producing genes, satellite inclu-
sions, phase-like particles, heat-stable exotoxin genes, and delta
endotoxin genes (117, 121, 129–133). The role of various plas-
mids in determining the rate and occurence of plasmid transfer
is poorly understood. Cryptic plasmids interfere with the pro-
cess and efficiency of plasmid transfer. In BT var. thuringiensis
HD2 plasmid transfer occurs when donors are deficient in certain
cryptic plasmids. One possible explanation is that production of
colicins or other molecules disrupt the process of conjugation.
In many cases, large plasmids are responsible for plasmid mo-
bilisation. In BT var. israelensis a 135 MDa plasmid is essential
for the efficient transfer for the 75 MDa plasmid (31, 127).

Frequency of plasmid transer also varies from strain to strain.
BT has several distinct but related self-transmissible plasmids
that, when transferred to transcipients, provide donor capability
(134). If the plasmids of BT are lost, the bacterium becomes in-
distinguishable from Bacillus cereus (refer to the Bacillus cereus
group discussed later).

GENETIC ENGINEERING OF BT
In order to realize the full potential of BT, efforts are directed

toward enhancing the yield and efficiency of toxin protein pro-
duction. This is achieved by placing the Cry gene under the
control of a promoter of Tetracycline-resistance gene or Cry
IIIA gene or any other gene that is expressed constitutively. The
spectrum of target insect groups is also widened by transforming
BT strains with various cloned Cry genes having toxicity against
a broad range of insect orders. Further, cloned Cry genes are also
be transformed into other bacterial species in various permuta-
tions to create novel toxin combinations. For example, in order to
control mosquito populations, Cry genes have been transformed
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into cyanobacteria or Caulobacter crescentus, which inhabit the
feeding zone and serve as a food source for mosquito larvae.
Also by transforming Cry genes into Pseudomonas fluorescens
(which inhabits rhizophores) plant roots can be protected against
insects. The Cry toxin genes, which are localized predominantly
(however not exclusively) on BT plasmids, have been cloned and
genetically engineered into plants to produce a number of trans-
genic crops that have been commercialized and are routinely
used in many countries (16, 135). In the United States, BT cotton
accounts for nearly 20% of the cotton produced. Engineering of
genetically modified plants began in early 1990s with the trans-
formation of Lepidopteran specific toxin genes (136–138). The
first transgenic plants to express these toxic genes were tobacco
and tomato (139). In 1995 BT field corn was registered with US
EPA as the first plant pesticide (140). BT transgenic crops, such
as corn, potato, cotton, and soybean are now available commer-
cially in the United States. Some Cry proteins are specifically
and significantly toxic to a particular insect and are usually se-
lected for producing genetically modified BT transgenes in order
to control the populations of that particular insect. For example,
the gene product of Cry3Cal gene is reported to be particularly
potent against the Colorado potato beetle (CPB). Various exper-
iments have been carried out in which transformation systems
based on Agrobacterium tumefaciens was used (138, 145). How-
ever in order to make maximum use of BT as a biopesticide, a
thorough understanding of the mechanism of insect resistance
is important (141).

RESISTANCE TO BT
As explained earlier, resistance to BT occurs when there is

a secondary outbreak of more damaging (52). and genetically
variant pests, which are not susceptible to the BT delta endo-
toxins. These resistant individuals are unaffected by the BT
toxins since they possess variant forms of receptor molecules
or are equipped with a mechanism to break down these toxins
(51). BT resistance was first discovered in P. interpunctella in
1985. Various other insect species have developed resistance
to BT toxin in the laboratory, including Ostrinia nubilalis (the
European corn borer), Heliothis virescens (the tobacco bud-
worm), Pectonophora gossypiella (the pink bollworm moth),
Culex quinquefasciatus (mosquito), Aedes aegypti (the yellow
fever mosquito), Trichloroplusia ni (the tiger moth), L. decem-
limeata (the Colorado potato beetle), Spodoptera exigua (the
beet armyworm), Spodoptera littoralis (the Egyptian cotton leaf
worm), and Chryosomela scripta (the cottonwood leaf beetle)
(27, 99, 143–147).

Additionally, using Drosophila as a model several studies
have been carried out in which target enzymes and receptors
of several synthetic insecticides were cloned and site-directed
mutageneis carried out to observe the functional expression of
the mutated genes. Three major synthetic insecticide targets are
the GABA receptor (cyclodienes and fipronils) encoded by the
Rdl gene; voltage-gated sodium channel (DDT and pyrethoids)

encoded by the para gene; and acetylcholinesterase (OP and
carbamates), which is encoded by the Ace gene (148).

The rate at which insects develop resistance depends on the
reproductive rate of the species, their generation time, num-
ber of progeny, and the time of exposure to the toxins. The
resistance is developed more rapidly in insect species that have
higher reproduction rates and greater number of progeny (149).
There are various mechanisms by which resistance develops in
the insect. For instance in P. xylostella there is a change in the
structure of the membrane receptors (150), which affects the
toxing-receptor affinity (151), resulting in less toxin molecule
binding and a 100-fold decrease in toxicity (152). Moreover,
there is an absence of a major gut proteinase in P. xylostealla
(153), which is correlated with a decreased activation of BT
Cry toxins. H. virescens also shows evidence of resistance to
develop by the decrease in activity of protoxins and reduced
binding of the toxins to their complementary receptor-binding
sites (61). Transgenic BT plants are also very prone to resistance
development since they are exposed to the toxins continuously
(154, 155). In order to decrease insecticide resistance, various
methods of resistance management or resistance mitigation are
employed (mixtures, mosaics, rotations, refuges, occasional re-
leases of susceptible males in field and tissue-specific expression
of BT toxins). These methods are aimed at delaying resistance
and reverting resistant insects to susceptibility (156–160).

BACILLUS CEREUS GROUP
BT is closely related to Bacillus cereus, which causes food

poisoning and to B. anthracis, the causative agent of anthrax.
Four bacterial species that have been grouped into what is known
as the B. cereus group (within the Bacillus family) are: B. cereus,
B. anthracis, B. thuringiensis, and B. mycoides. These bacteria
have identical or nearly identical 16S rRNA and although their
virulence spectra differ significantly they appear to share the
same genome core. In other words, this group may be regarded
as one species with some variants (with B. cereus being the par-
ent variant). The virulence factors in these bacteria are localized
mainly, albeit not exclusively, on extrachromosomal elements
and a common phenomenon is lateral transfer of these virulence
factors, which causes conversion from one variant to another
(see following section). Elements such as conjugative plasmids,
IS elements, transposons, and viruses are known to occur in bac-
teria of this group. Virulent strains of B. anthracis contain two
arge plasmids—pXO1 and pXO2 (these carry the toxin genes
namely LEF, CYA, and PAG and capsule genes Cap A, B, C)
(161). When B. anthracis loses both these plasmids it becomes
indistinguishable from B. cereus (see Figure 2). A similar phe-
nomenon is observed in the relationship between BT and B.
cereus. There is a conversion of B. cereus to BT on attainment of
a BT plasmid and vice versa. Both BT and B. cereus are common
soil bacteria. While BT produces insecticidal toxins and is prac-
tically harmless to other non-target organisms, B. cereus is a
common human pathogen that causes diarrhea. However, during
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FIG. 2.

vegetative growth, these two bacteria are shown to produce sim-
ilar toxins. Moreover, diarrhea-like symptoms were observed
in humans upon ingestion of BT var. galleriae (162) (the BT
phospholipase C and flagellin genes are found in both bacteria).
These similarities suggest that these two bacteria should belong
to the same species. Furthermore, two B. cereus strains have
been patented for possessing activity against Dipteran larvae
(see ATCC catalogue). A transient increase in the concentration
of BT/B. cereus-like bacteria was observed when a streptomycin
resistant strain of BT var. israelansis (BTN14) was released in a
field experiment (163) B. mycoides is not known to exhibit any
similar phenomenon but is probably included in this category
because of similarities in the colony morphology with the other
three variants. These four bacteria are differentiated on the ba-
sis of motility, presence of Cry toxins, hemolytic activity, and
rhizoid growth.

In gram-positive bacteria there are four systems of DNA
transfer between bacteria in liquid medium (164), one of which
is the aggregation-mediated conjugative system in the mosquito-
cidal bacterium BT var israelensis (165). This process is char-
acterized by an aggregation of cells with different aggregation
phenotype (Agr+ or Agr−) followed by conjugation. Genes for
both aggregation and conjugative machinery are localized on
plasmid pXO16 of var. israelensis (166). There are reports of
mobilization of non-conjugative plasmids by large conjugative
plasmids and by conjugative transposons (167) and by these
mechanisms inter-species exchange of plasmids occur between
BT, B. cereus, and B. anthracis (168–170). A mating system for
transfer of plasmids pXO11 and pXO12 of BT among these tree
bacteria was developed (171) and transcipients with inherited

pXO12 were also shown to produce crystal proteins similar to
those produced in BT (for further details refer to 127 and 172).

IMMUNE RESPONSE IN INSECTS
Upon entry of bacteria into the insect hemolymph, the prophe-

noloxidase (proPO) system is activated by a cascade of serine
proteases (173, 174), and proPO components are released from
insect hemocytes into the hemolymph. In this system two en-
zymes are activated. One is the enzyme ppA (prophenoloxidase
activating enzyme), which converts inactive prophenoloxidase
into active phenoloxidase (PO). Active phenoloxidase in turn
converts tyrosine to dihydroxyphenyalanine, which binds to bac-
terial cell surfaces and triggers production of melanin (melaniza-
tion). The other protein that is activated is a 76 kDa cell adhesion
protein, which is also a cell-degranulating and encapsulating
factor (175, 176). When this protein is activated more proPO
system components are released from the hemocytes and there
is amplification of the initial response. Xenorhabdus is known
to evade the insect’s immune response by inhibiting the activa-
tion of the proPO enzyme (177, 178). Apart from action of the
proPO system, a number of proteins (attacins, cecropins) (179,
180) are released into the hemolymph on entry of foreign bacte-
ria. Cecropins lyse bacterial membranes and create pores in the
membrane. Cecropins A and B are known to be active against
a large number of gram-positive and gram-negative bacteria;
however they are not active against BT. Attacins work synergis-
tically with cecropins and lysozyme and lyse outer membrane of
bacteria (179). The insect hemolymph also contains proteases,
carbohydrases, and lysozyme, which have antibacterial actions.
Some of the other antibacterial proteins produced by different
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TABLE 2
Antibacterial proteins produced by various insect orders

Insect order/species that
Class of protein produces the protein MW of protein Mode of action

1. Cecropins Lepidoptera 4000 Disrupts bacterial cell membrane
2. Attacins Lepidoptera > 180 amino acids Disrupts bacterial cell membrane
3. Apidaecins Honey bees 2100 Not known
4. Defensin Diptera — —
5. Diptericin Diptera — —
6. Andropin Drosophila melanogaster (only

males)
— Thought to protect seminal fluid

and male reproductive tract
7. Hemolin (shares

homology with
mammalian Ig genes)

Hyalophora cecropia (silk moth) — Binds to bacterial outer membrane
and triggers immune response

insect orders are listed in Table 2. There are two modes by which
resistance develops in bacteria that invade insects, enabling these
bacteria to evade the insect immune response. One is passive re-
sistance, in which the bacterial envelope is resistant to antibacte-
rial immune proteins. Mutants of bacteria that vary in envelope
properties appear to be less virulent. The other mode is active
resistance, in which the bacteria actively produce molecules that
inhibit the antibacterial immune proteins of the insect. An ex-
ample is an immune inhibitor InA produced by BT that is known
to degrade cecropins and attacins. In Xenorhabdus-Steinernema
symbiotic pair, however, although the bacteria alone are sensi-
tive to cecropins A and B, the nematode produces an immune
inhibitory enzyme that breaks down cecropins and attacins. In-
terestingly, the insect is also thought to produce proteins such as
alpha 2 microglobulin that inhibit the bacterial proteases, which
break down cecropins and attacins. These form “cages” around
the bacterial proteases and transport them to the hemocytes in
which an endocytic clearence pathway ensues.

ENTOMOPATHOGENIC NEMATODES
Approximately 15,000 species of nematodes are known to

exist. Most are scavengers living on putrefying matter; some
are herbivores while others are carnivores. Most of the known
nematodal species are beneficial; few are entomopathogenic or
insecticidal. These entomopathogenic nematodes attack only in-
sects and their relatives, mostly during the infective juvenile
stage of their life cycle. Nematodes of the family Steinernemati-
dae enter the insect through natural openings such as mouth,
anus, or spiracles (spiracles are openings used by the insect
for breathing) whereas those of the family Heterorhabditidae
are capable of making holes in the body wall of the insect.
Nematodes of the family Steinernematidae and Heterorhabdi-
tidae exhibit symbiotic associations with bacteria of the genera
Xenorhabdus and Photorhabdus, respectively. A broad spec-
trum of insects are susceptible to the bacteria-nematodal sym-
biotic pairs. Insects belonging to the orders Coleoptera and

Lepidoptera are most susceptible, whereas those of the order
Diptera are relatively resistant. The nematode-bacterial pairs
have been studied in various research and development sec-
tors and are known to be harmless to vertebrates. Some com-
mercially used formulations of nematodal—bacterial pairs are
Biosys and Koppert NL. As explained earlier both the bacteria—
Photorhabdus and Xenorhabdus—are incapable of making pores
in the intestinal wall of the insect. In these cases the nema-
todes penetrate this wall, followed by the bacteria being re-
leased into the haemolymph, where they feed on the blood and
body tissues of the insect. Entomopathogenic nematodes (181,
182) are fragile animals, and are highly sensitive to drying and
UV rays. For most of their lives, these nematodes dwell under-
ground in tunnels or remain protected within the insect cadaver.
These entomopathogenic nematodes use either of two meth-
ods to locate their prey (the insects) on the basis of which they
are classified into the following two categories: ambushers and
cruisers.

Ambusher Nematodes
In a process termed nictating, ambusher nematodes

wait for an appropriate time to ambush the suitable insect prey.
When the prey is in reach, they stand on their tails and
attack. The most favorable locations for nictating are between
soil particles, where insects such as cutworms, armyworms, sod
webworms, mole crickets, and other soil-living caterpillars are
the most susceptible preys. Examples of ambusher
entomopathogenic nematodes include S. carpocapsae and
S. scapterisci. S. carpocapsae is sold under the brand name:
Millenium, Biovector 25, Saviour, and Biosafe, and is commer-
cially used against cranberry girdler, black vine weevil, straw-
berry root weevil, strawberry girdler, mint root borer, and
mint flea beetle. It has been demonstrated experimentally that
S. scaptersci is insecticidal against mole crickets; however
this nematodal species is not yet available for commercial
purposes.
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Cruiser Nematodes
Cruiser nematodes are more effective than the ambusher ne-

matodes (183, 184). They can detect the presence of their insect
hosts in the vicinity since and are attracted to carbon dioxide and
other chemicals secreted by these insects. They have the ability
to nictate and can also tunnel through the soil, actively seeking
out the insect hosts. Unlike ambusher nematodes, the cruiser
nematodes can target less active insects such as white grubs,
black vine weevil larvae, and fungal gnat larvae that inhabit
deeper layers of the soil. Examples of cruiser nematodes include
H. bacteriophora and S. glaseri. Yet, other species such as S.
feltiae and S. riobravis are intermediate between cruiser and
ambusher nematodes.

Trade Names of Nematode Formulations
Entomopathogenic nematodes have a wide host range; how-

ever, different insect hosts are affected to varying extents by the
same nematodal species. The cruiser nematode H. magidis is
sold under the brand name Nemasys II and is effective against
black vine weevil but not against most other insects. The large
size of this nematode prevents it from entering most insects
through their body openings. S. ribobravis, which is both a
cruiser and an ambusher nematode is sold under the brand name
Biovector 355 and Devour, and is effective against sugarcane
rootstalk borer, citrus root weevil, and blue green weevil (it has
also been shown to be effective against mole crickets in the lab-
oratory). S. feltiae, which is also both a cruiser and ambusher
nematode, is distributed under the brand names Nemasys, En-
tonem, X-Gnat, and Magnet. Effective against sciarid flies and
fungus gnats, this nematode works typically below 50◦F, un-
like most other nematodes. (However, the nematode H. mare-
latus reproduces at lower temperatures than most under ne-
matode species used in biocontrol of insects. This makes it
a formulation of choice especially for regions having a cold
climate. But one disadvantage of this species is that its repro-
duction rate is particularly diminished in certain insects like
Leptinotarsa) (16). H. bacteriophora, also called the Hb nema-
tode, is used for a number of insects, including white grubs,
billbugs, cutworms, sod webworms, cranberry girdler, army-
worm, black vine weevil, strawberry root weevil, pine
weevil, fungus gnats, and flea larvae. It is sold under the brand
names: Cruiser, Heteromask, and Gardens Alive Hb nematodes.

XENORHABDUS NEMATOPHILUS AND
PHOTORHABDUS LUMINESCENS

Xenorhabdus Nematophilus
Recently there has been increasing instances of insect re-

sistance to BT toxins in BT transgenic corps, which had led
researchers to seek suitable alternatives. Two more bacteria that
are also known to produce insecticidal toxins are Xenorhabdus
and Photorhabdus (both of these belong to the family Enterobac-
teriaceae and are closely related to E. coli). However, unlike

Bacillus thuringiensis, Xenorhabdus and Photorhabdus toxins
are not toxic when ingested by the insect. With emerging re-
sistance to BT among insects, Xenorhabdus and Photorhabdus
are considered the next generation of microbial insecticides.
Over the past few years there has been considerable progress
in cloning of several toxin genes from the Photorhabdus lu-
minescens and Xenorhabdus nematophilus (185); these genes
encode large insecticidal toxin complexes with little homology
to other known toxins.

Xenorhabdus nematophilus is a gram-negative, facultatively
anaerobic, entomopathogenic bacterium belonging to the family
Enterobacteriaceae (186–191). It has been placed in the family
Enterobacteriaceae owing to the many similarities it has to the
other bacteria belonging to this family. However, Xenorhabdus
also harbors some significant differences from other members
of Enterobacteriaceae, such as entomopathogenesis, larger cell
size, ability to reduce nitrates to nitrites, mutualistic association
with entomopathogenic nematodes, and immunological charac-
teristics. Xenorhabdus is found to occur a specialized intestinal
vescicle of the nematode Steinernema carpocapsae (188) with
which it maintains a symbiotic relationship. This bacterium how-
ever has not yet been shown to occur in its free-living form in the
soil. Xenorhabdus was described as a new genus in the family
Enterobacteriaceae in 1979 (192). Originally it was referred to
as Achromobacter nematophilus, which was isolated from the
intestinal lumen of the nematode (193). The genus Xenorhab-
dus comprised two species: X. nematophilus and X. luminescens
(194–196). Akhurst has described four subspecies of the species
Xenorhabdus, which are beddingii, poinarii, bovienii, and ne-
matophilus. In 1993, Boemare et al. described a new genus Pho-
torhabdus (synonymous with X. luminescens) with Photorhab-
dus as the type species (197). Unlike Xenorhabdus, Photorhabdus
luminescens is a bioluminescent bacterium also belonging to
the family Enterobacteriaceae (198) and is gram negative. Pho-
torhabdus maintains a symbiotic relationship with nematodes
of the family Heterorhabditidae (199) and is present throughout
the intestinal tract of these nematodes.

In both mutualistic associations, the nematodes and the bac-
teria complement each other: the nematode acts as a vector and
transports the bacteria into the target insect larva where it bores
holes in the intestinal walls of the insect and releases the bacteria
in the hemolymph. In the absence of the nematode, the bacteria
cannot penetrate into the hemocoel (200). Both the nematode
and the bacteria release insecticidal toxins, which eventually
kill the insect (198). The bacterial symbiont contributes to the
symbiotic relationship by providing nutrition for the nematodes
(201). The bacteria causes septicemia in the insect, the insect is
killed and its tissues are used as nutrients (181). Moreover bac-
teria are required by the nematodes for their development into
the infective juvenile stage and thus are required for efficient
completion of the nematode life cycle. In the absence of the
bacterium the nematode cannot reproduce (200). Further, when
the bacterial symbionts predominate in the hemolymph the ne-
matodal reproduction and proliferation is optimum (182, 188,
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FIG. 3.

202). The general life cycle of Xenorhabdus-Steinernema and
Photorhabdus-Heterorhabdus is shown in Figure 3. The nema-
todes Steinernema and Heterorhabditis are similar with respect
to their general life cycle, mutualistic association with the bacte-
ria, entomopathogenicity and gross morphology (203), however
there are significant differences between the two. These differ-
ences are listed in Table 3. Additionally, the two nematodes are
thought to be derived from different ancestral lineages (199).

Insecticidal toxin genes from a strain of Xenorhabdus
(Xenorhabdus nematophilus PMF1296) have been cloned in a
cosmid genome library. These encoded insecticidal proteins that
when expressed in E. coli exhibited insecticidal activity to cab-
bage white butterfly (Pieris brassicae) on feeding with a 50%

lethal concentration of 2 to 6 mg of total protein per g diet (204).
Five insecticidal toxin genes (xptA1, xptA2, xptB1, xptC1, and
xptD1) and a gene corresponding to a 30 kD insecticidal pro-
tein have been cloned. The xpt genes of Xenorhabdus exhibit
49% homology to the insecticidal toxin genes of Photorhabdus
and 38% homology to a putative chitinase gene. However, un-
like Xenorhabdus toxin genes of Photorhabdus when expressed
in E. coli were not shown to be insecticidal. Xenorhabdus ne-
matophilus is also known to produce many antibacterial and
antifungal compound (185).

The natural habitat of Steinernema and Heterorhabditis ne-
matodes is the son (187, 201) and these are thought to be potential
biocontrol agents against a wide spectrum of insect orders (181,

TABLE 3
Differences between Steinernema and Heterorhabditis

Steinernema-Xenorhabdus Heterorhabditis-Photorhabdus

1. Xenorhabdus is carried in Steinernema nematodes in a
specialised intestinal vescicle formed by outpocketing of
the gut (227).

1. Photorhabdus is present throughout the intestinal tract of
Heterorhabditis infective juveniles.

2. Infective juveniles of Steinernema develop into dioecious
adults; hence both a male and a female need to enter the
target insect host for production of progeny (199)

2. Infective juveniles of Heterorhabditis develop into
hermaphrodites. Hence entry of a single juvenile into the
target host can lead to the production of progeny (200). These
hermaphrodites lay eggs that subsequently develop into
amphimictic males and females.

3. Steinernema nematodes enter the insect’s body through
natural openings through natural openings like mouth,
anus, or spiracles.

3. Heterorhabditis nematodes are capable of making holes in
the insect’s body wall.

4. Steinernema nematodes wait in ambush for the suitable
insect prey (nictating).

4. Heterorhabditis nematodes can detect insect hosts, hence
they tunnel through the soil and actively seek out insects.
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205). The nematode Heterorhabditis sp. (Nematode 41088) was
isolated from 66 different insect species (206). H. bacterio-
phora, the type species of the genus Heterorhabditiditae (206)
was reported to have activity against four insect orders, includ-
ing Coleoptera, Lepidoptera, Diptera, and Orthoptera (207). H.
bacteriophora was also reported to have been isolated from H.
punctigera (208). Steinernema and Heterorhabditis release their
bacterial symbionts in the insect hemolymph within five hours of
invasion and can kill the host insect within 48 hours (188). These
bacteria have applications against a wide spectrum of insect or-
ders. There was a reduction in the concentration of H. virescens
in the soil treated with S. ribobravis (209). S. carpocapsae has
been isolated from seven insect species and has been transmitted
experimentally to about 200 insect species (206).

Bacteria belonging to the genera Xenorhabdus produce an-
tibiotics that are effective in plants, animals, and humans.
Xenorhabdus also produces the enzyme chitinase that cleaves
the compound chitin, which is a component of the cell wall of
certain fungi and the exoskeleton of insects. Incidentally, chiti-
nase is also an anticancer agent. One possible role of chitinase
could be to degrade the cell wall of fungi infecting the body
tissues of the insect after it has been killed. There are, however,
no indications about the possible role of chitinase against the ex-
oskeleton of insects. Xenorhabdus also produces an antibiotic,
which was first isolated from X. nematophilus strain BC1 and
has been detected in all strains of Xenorhabdus. This compound
has been named nematophin (after the species nematophilus). Its
production is dependent on strain type and culture conditions.
By extensive spectrophotometric studies the structure of this
compound is established as 3-indole ethyl (3′-methyl-2′-oxo)
pentanamide. An interesting facet of this compound is that, in
vitro, this has been shown to kill human cancer cells but not
normal cells. Currently this is being investigated by conduct-
ing clinical trials on animals. The antibiotics that are produced
by Xenorhabdus possibly prevent decomposition of the insect
cadaver, aid in completion of the nematodal life cycle and main-
tain a large population of bacteria (210). Of the two phases of
Xenorhabdus, phase I cells produce adequate amount of antibi-
otics whereas phase II cells are generally deficient in antibiotic
production (187).

To date there is no evidence of natural or acquired resistance
to the Xenorhabdus or development of insect immunity to the
Xenorhabdus. Entomopathogenic nematodes (EPNs) in associ-
ation with their bacterial symbionts are used to control larvae of
black vine weevil, strawberry root weevil, the clearwing borer
Synanthedon culiciformis in alder, S. resplendensin sycamore,
peachtree borer, dogwood borer, and banded ash borer; surface
pests including cutworms and sod webworms; soil-inhabiting
pests including billbugs and white grubs, larvae of Japanese
beetle, oriental beetle, chafer beetle, June beetle, and Ataenius.
Treatment of large areas with nematodal formulations is quite
expensive (approximately $1 billion/acre rate) and much higher
than synthetic insecticides; however the cost of using EPNs on
relatively smaller areas is not prohibitive.

Similarities and Differences Between Xenorhabdus
and Photorhabdus

Both genera comprise of entomopathogenic gram negative
rod-shaped bacteria that share a symbiotic relationship with ne-
matodal species and exhibit the phenomenon of phase variation.
The pattern of differences between the two-phase variants of
these two bacteria is significantly similar. In addition, both are
resistant to penicillin and other beta-lactam antibiotics, neither
can reduce nitrate to nitrite and (G+C)% in both cases is approx-
imately 43–44%. Both Xenorhabdus and Photorhabdus produce
a large number of diverse broad-spectrum antibiotics (211), huge
amounts of crystalline proteins and pigments which frequently
accumulate in the growth medium as secondary metabolites
(212). The pattern of pigmentation varies for both Xenorhabdus
and Photorhabdus depending on the nature of growth medium
used.

However, there are significant differences between the two.
Photorhabdus carries lux genes and hence is able to produce bio-
luminescence. The genes conferring bioluminescence are absent
in Xenorhabdus. When grown on suitable nutrient agar medium
the two bacteria produce different lipases. Photorhabdus spp.
displayed a broad lipase activity whereas Xenorhabdus spp. pro-
duced a specific lecithinase (phosphatidylcholinesterase). The
lipase gene of Photorhabdus has been cloned and sequenced
by Barbara Dowds et al. (213). Both Xenorhabdus and Pho-
torhabdus produce extracellular protease but significantly greater
amounts are produced by the cells of Photorhabdus. Compared
to X. poinarii, Photorhabdus luminescens was more resistant
to erythromycin and less resistant to neomycin. (All strains of
Xenorhabdus are sensitive to a wide variety of common an-
tibiotics but are resistant to ampicillin and penicillin deriva-
tives.) The DNA sequences of the two bacteria share little ho-
mology and the pigments and antibiotics produced by the two
bacteria are very different at the molecular level (214).
Also, there is no significant homology between the crystalline
protein genes of Xenorhabdus and Photorhabdus (214).
Pigments and antibiotics produced by Xenorhabdus and Pho-
torhabdus are very different at the molecular level. Besides,
Xenorhabdus is catalase negative whereas Photorhabdus is cata-
lase positive. Phorhabdus has been isolated from clinical sam-
ples whereas there are no such reports about Xenorhabdus
(215).

Photorhabdus Luminescens
The genus Photorhabdus includes specific bacterial symbionts

of the insect-parasitic nematode of the family Heterorhabditidae.
Photorhabdus luminescens exhibits a symbiotic association with
nematodes of the family Heterorhabditis. In the life cycle of
Photorhabdus-Heterorhabditidae, the bacteria are released into
the gut of the insect where they replicate, kill the insect, and trig-
ger multiple rounds of nematodal reproduction and their own
reproduction. At this stage they also cause the insect cadaver
to glow (since the bacteria are bioluminescent). Interestingly,
Photorhabdus luminescens subsp. akhurstii isolated from the
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entomopathogenic nematode Heterorhabditis indica were found
to be naturally associated with bacteria of the genus Ochrobac-
trum (216). The genes encoding the insecticidal toxins produced
by Photorhabdus luminescens have been cloned, the insectici-
dal toxins have been purified, characterized, and antibodies have
been raised against them. These are now being utilized in devel-
oping transgenic insect-resistant plants. When the bacteria are
cultured in liquid media these toxins are released into the media.
Photorhabdus luminescens kills insect hosts within 24 hours of
being relesed from the nematodes into the insect hemolymph.
These toxins produced by Photorhabdus have activity in small
doses against various insects including the European corn borer
and the southern corn rootworm (217). Two of the four insecti-
cidal toxins are known to possess oral toxicity to Lepidopteran
insects, as illustrated in genetic deletion experiments. In con-
centrated doses the toxins produced by Photorhabdus can be fed
orally to the insects or used in the spray form. In addition to
the toxins, Photorhabdus also produces a number of intracel-
lular proteins, which are not insecticidal but are thought to be
a source of nourishment for the nematodes. The type strain of
X. nematophilus is ATCC 19061, and that of X. luminescens is
strain Hb (= ATCC 29999).

Like Xenorhabdus nematophilus, Photorhabdus exhibits the
phenomenon of phase variation and has two morphologically
distinguishable phases, which differ in a number of traits. A
novel protease inhibitor was recently purified from only the
secondary phase Photorhabdus cells. This protease inhibitor of
molecular weight 12,000 inhibits proteases from Xenorhabdus
(218) and in a molar ratio of 5:1 it also completely inhibits
trypsin and elastase. However, this protease inhibitor had no ef-
fect on chymotrypsin, subtilisin, thermolysin, cathepsin B, and
cathepsin D.

The size of the genome of Photorhabdus is estimated to
be 5Mb, which contain diverse genes coding for a range of
molecules of commercial interest. The sequencing of the en-
tire Photorhabdus luminescens genome has been carried out
by the Institut Pasteur’s Laboratory of Genomics of Microbial
Pathogens (GMP), directed by Frank Kunst and Philippe Glaser.
Photorhabdus luminescens has a tremendous biotechnological
value as it produces various enzymes and antibiotics, which are
antifungal and antibacterial and are active against a broad spec-
trum of gram-positive and gram-negative bacteria. It also pro-
duces a crystal protein, which accounts for 50% of the total
cellular protein. This protein is unusually rich in Lysine and
Methionine—two essential amino acids, which are extremely
difficult for animals to obtain. According to Ensign, “there is
no other single protein known to contain such high amounts of
Lysine and Methionine.” Usually, Lys is added to animal food as
a nutrient supplement for this very reason. The 20 amino acids
known to exist are classified into essential and non-essential
amino acids. Essential amino acids are those amino acids re-
quired by the animal in its diet since it is incapable of synthe-
sizing these in its body by biochemical pathways. Non-essential
amino acids, on the other hand are those amino acids which

need not be present in the diet of the animal since it is capa-
ble of synthesizing these in its body. By cloning the genes for
this protein and henceforth by overexpressing this novel protein
a cardinal aspect of providing nutritiuous animal food can be
taken care of. Photorhabdus luminescens also shares consider-
able sequence similarity to E. coli and hence may contribute to
its study as well.

The toxic component of Photorhabdus is a high molecular
weight complex of four proteins encoded by the genes tca, tcb,
tcc, and tcd. Unlike the delta-endotoxins produced by BT, which
are specific for a selected insect group, these toxins when ad-
ministered even in miniscule quantities (nanograms) are lethal
to a wide variety of insects including the tobacco hornworm (be-
longing to the order Lepidoptera), mealworm (belonging to the
order Coleoptera), cockroaches (belonging to the order Dicty-
optera), and ants (belonging to the order Hymenoptera). Protein
complexes encoded by the genes tca and tcd have been shown
to exhibit high oral toxicity to Manduca sexta. The mode of ac-
tion of this toxin has not yet been elucidated but it is known
to cause a severe intestinal upset in the insect following which
the insect dies within 1–2 days (see Figure 4). Studies of amino
acid sequences of the Tc proteins have revealed significant se-
quence homology of the amino terminal of some these proteins
with Salmonella plasmid virulence gene products (spv-gp) of S.
dublin and S. typhimurium (219, 220). This implies that a func-
tion of some of the Tc protein may be to attack insect hemocytes.
The genes for this protein toxin have been isolated and can be
used for production of transgenic plants, which may serve as
promising alternatives to BT-transgenic plants.

The cipA and cipB genes in the Photorhabdus genome code
for two inclusion proteins, including CipA and CipB whose sizes
are 11648Da and 11308Da, respectively. The amino acid se-
quences of proteins do not share homology with any other known
protein but have 25% identity and 49% similarity to each other.
These inclusion proteins are produced in substantial amounts
in the phase 1 cells of Photorhabdus and in lesser amounts in
the phase 2 cells. The cip mutants of Photorhabdus were found
to exhibit greater similarity to each other phenotypically than
either phase I or phase II cells. There was also a significant
difference in properties like bioluminescence, pattern and activ-
ities of extracellular products, adsorption of dyes, and ability to
support nematodal growth and reproduction in phase 1 cells of
Photorhabdus in which insertional inactivation of cipA and cipB
was carried out.

Certain researchers claim bioluminescence in Phorhabdus is
a fluke in evolutionary history. It is speculated that Phorhabdus
evolved from a marine bacterium since it is the only terrestrial
bacterium to possess the trait of bioluminescence. However the
intensity of bioluminescence is much less than that of the marine
bioluminescent bacteria. Interestingly, these bacteria are motile
by swimming and swarming. Photorhabdus also produces di-
verse antibiotics, which are referred to as anthraquinones, which
structurally resemble erythromycin and other related antibiotics.
In addition to antibiotics and pigments, Photorhabdus produces
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FIG. 4.

a number of crystalline proteins, which are not insecticidal since
feeding and/or injecting these into various insects did not result
in their death. These crystals instead play a role in maintaining
the symbiotic relationship with the nematodes. In acrystallifer-
ous mutants the nematodal symbionts died. In addition to these
compounds Photorhabdus produces a toxin that is a complex of
several small proteins, it is this toxin that is the prime insecticidal
component. Even nanogram quantities of this toxin, when in-
jected is known to kill the tobacco hornworm (Lepidoptera), the
mealworm (Coleoptera), cockroaches (Dictyoptera), and ants
(Hymenoptera). Ingestion of a concentrated dose of this toxin by
the insect results in a severe intestinal upset; the insect ceases to
feed and dies in one or two days. Like Xenorhabdus, Photorhab-
dus exhibits two morphologically distinct forms which differ in
various traits (321).

Phase Variation
Both Xenorhabdus and Photorhabdus are known to exhibit

a phenomenon called phase variation or colony pleomorphism
in which two variants of each bacterial species co-exist. Phase
variation is also seen in other bacteria such as Neisseria (the
causative agent of gonorrhoea) and Salmonella. The form of
bacteria that is normally isolated from infective stage nema-
todes is called phase I. The two variants phase I and phase II are
known to exhibit differences in a number of traits (222), such
as production of lipase, proteins, antibiotics, pigments, intra-
cellular preteinaceous inclusions, thickness of the glycocalyx,

motility, and biuoluminescence (seen only in Photorhabdus).
Moreover, in contrast to the secondary form the primary form of
Xenorhabdus spp. is known to inhibit a wide range of microor-
ganisms including yeasts.

A pleoitropic regulator gene apparently controls the various
phenotypic characteristics simultaneously (223). Phase varia-
tion occurs in a small fraction of the population of cells in the
media and is highly unpredictable (182) and reversible. How-
ever it is speculated that it is a type of adaptation by which the
bacteria evade the insect immune response. This speculation is
supported by reports stating that various phenotypic characteris-
tics are affected by the conditions in the immediate environment
of the cells, which also determine the conversion of one phase
to another. Production of antibiotics in Photorhabdus cells in-
creased by 140% when glucose was added to a fed-batch culture
and bioluminescence was found to be higher in the batch cul-
ture than in the fed batch culture of Photorhabdus (224). The
two-phase variants can be distinguished in vitro on the basis of
absorption of dyes such as bromothymol blue and reduction of
triphenyl tetrazolium chloride (TTC).

The phase I cells of Xenorhabdus can bind BPB and in TTC
agar media the phase I cells appear blue whereas the phase II
cells appear to be brick red. The phase I cells of the Xenorhabdus
nematophilus strain F1 were shown to be motile in LB agar
unlike the phase II variatits (225). However, there are also reports
in which the two variants exhibited no apparent variation (226).
A flagellar master operon flhDC was described by Givaudan
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et al. (2000) which was shown to control hemolysis, lipolysis,
motility, virulence and other known functions in Xenorhabdus
nematophilus (223, 227).
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